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Introduction {#sec1}
============

Cells continually sense and respond to mechanical cues from their microenvironment ([@bib1], [@bib2]) through cell-cell and cell-matrix adhesions ([@bib3], [@bib4]). One physical cue is viscoelasticity of the matrix to mechanical stress by cells and tissues ([@bib5], [@bib6], [@bib7], [@bib8], [@bib9]). Elastic materials respond to applied force by storing and later releasing strain energy, whereas viscous materials dissipate force by undergoing flow. Therefore, the force profile of cell-substrate interactions might differ greatly for cells grown on viscous compared to elastic substrata. Although the effects of substrate elasticity on cellular function are well studied, the cellular response to viscosity has remained mostly unexplored. Cameron et al. ([@bib10], [@bib11]) showed that changes to substrate viscosity affected the morphology, expression, and differentiation patterns of human mesenchymal stem cells. Earlier work from our lab has demonstrated that the collective movement of cells within epithelial sheets exhibited a critical transition from short-range to long-range correlated cell movement when the viscous and elastic moduli are equal ([@bib8]). At this transition, cell traction forces can be transmitted over longer distances through strain in viscoelastic substrate than on an elastic substrate and thus mechanically coordinate longer-range collective movements such as epiboly during early development or movement on a thin basement membrane. Interestingly, although the viscoelasticity of the substrate should involve cell-matrix adhesions, both studies implicated cross talk to cell-cell adhesions by cadherins in the collective response to viscosity. However, the molecular details of how mechanical and chemical cues from the cell-substrate interface regulate cadherins at cell-cell interfaces were not investigated.

How could cadherin mediate collective cell motion through sensing stiffness of the substratum? The primary interface between cells and a viscoelastic substrate, and the best-understood cellular mechanosensing system to date, is the focal adhesion (FA). FAs have been well characterized as stiffness sensors, in which integrin receptors transmit information about the substrate matrix to the cellular interior and activate mechanosignaling pathways that regulate cellular proliferation, differentiation, and survival ([@bib12], [@bib13]). Similarly, cadherin complexes can act as a mechanosensor that receives mechanical inputs from forces transmitted across intercellular junctions between neighboring cells ([@bib14], [@bib15], [@bib16]). Although they have distinct subcellular locations, forces exerted at FAs and cadherin complexes are correlated with each other to maintain a constant total cellular tension ([@bib17], [@bib18]). How this exquisite level of mechanical coupling is achieved is still poorly understood.

Chemical and mechanical cross talk between FAs and cadherin complexes could be mediated by a variety of mechanisms involving the actomyosin network, signaling pathways, or shared structural components ([@bib19]), such as the mechanosensitive protein, vinculin. Vinculin localizes to, and in turn coordinates, FA composition in a force-dependent manner ([@bib20]). Under tension, vinculin adopts an extended conformation that exposes multiple binding sites for many proteins associated with FAs or cadherin complexes ([@bib21], [@bib22], [@bib23]). Similarly, junctional tension regulates the recruitment of vinculin to cadherin complexes by *α*-catenin, which is necessary for strengthening of E-cadherin-based junctions ([@bib24], [@bib25], [@bib26]). Vinculin's key roles in both FA and cadherin complex dynamics identifies vinculin as a potential central regulator of FA-cadherin coupling ([@bib27], [@bib28]).

In this study, we demonstrate that epithelial monolayers respond to substrate viscoelasticity by reorganizing cell-matrix and cell-cell adhesions, which involves cadherin-mediated recruitment of vinculin away from focal adhesions. The directed localization of vinculin to cell-cell adhesions, in combination with fibronectin reorganization and FAK-mediated actomyosin contractility, is implicated in regulating coordinated movement of epithelial monolayers.

Materials and Methods {#sec2}
=====================

Cell culture {#sec2.1}
------------

Cells were maintained in DMEM media supplemented with 10% fetal bovine serum and antibiotic-antimycotic (all from Life Technologies, Carlsbad, CA) at 37°C and 5% CO~2~. CL-S1 cells were used between passages 26 and 32. Cells were plated onto fibronectin-coated polydimethylsiloxane (PDMS) substrata at 5--7.5 × 10^4^ cells in a 100 *μ*L drop and allowed to settle for 1 h, during which they formed a confluent monolayer at the base of the drop. In the case of MDCK cells, cells were allowed to settle for 2 h. After settling, 2--3 mL of media was added to the dish.

Plasmids {#sec2.2}
--------

Plasmids encoding GFP-vinculin and GFP-*α*cat were gifts from Alpha Yap's lab ([@bib24]). Plasmids encoding *α*cat-VH and *α*cat-VT were also gifts from Alpha Yap's lab ([@bib29]) and subsequently cloned with GFP tag to get GFP-*α*cat-VH and GFP-*α*cat-VT. Plasmid encoding GFP-VT was synthesized by GenScript Biotech (Piscataway, NJ). The sequence of VT construct and pEGFP-C1 vector were provided in the [Supporting Material](#app2){ref-type="sec"}.

PDMS substrate {#sec2.3}
--------------

We imaged the dynamics of confluent cells on PDMS substrates. Viscoelastic, soft elastic, and elastic substrata were prepared by mixing cross-linker and polymer (Sylgard 184; Dow Corning, Midland, MI) at ratios of 1:80, 1:60, and 1:20, respectively. The mixtures were degassed and spin-coated (6000 RPM for 10 s) onto 35-mm standard dishes (Corning, Tewksbury, MA) or imaging dishes (Ibidi, Martinsried, Germany), which were baked at 80°C for 2 h. The resultant PDMS substrata were 20--30 *μ*m thick. For imaging procedures, a 100 *μ*L drop of 20 *μ*g/mL fibronectin from bovine plasma (Sigma-Aldrich, St. Louis, MO) was then adsorbed to the PDMS at room temperature for 1 h. This resulted in a circle of ∼5 mm diameter within which epithelial cells could attach. For protein extraction procedures, the entire base of the dish was coated with fibronectin.

The shear modulus of PDMS was measured by a rheometer with a temperature-controlled plate in a 25-mm cone and plate (0.04 rad) geometry (Advanced Rheometric Expansion System; TA Instrument, New Castle, DE) at 37°C with 1% strain and a frequency sweep between 0.1 and 100 rad/s. The characteristic modulus was taken at 1 rad/s.

Fabrication of polyacrylamide substrates {#sec2.4}
----------------------------------------

To image displacements of the substrate, we prepared fluorescent bead-embedded polyacrylamide (PA) substrates following previously published protocols ([@bib3], [@bib6]). Briefly, to activate the glass surface for PA attachment, the 25-mm diameter coverslips were pretreated with 3-aminopropyltrimethoxysilane (Sigma-Aldrich) for 5 min and washed with distilled water twice, for 5 min each time. A quantity of 0.5% glutaraldehyde (Sigma-Aldrich) in phosphate-buffered saline was then added to the coverslips for 30 min, rinsed twice with distilled water, and then left to dry.

To fabricate PA substrates of varying storage (G′) and loss (G″) modulus, acrylamide (Bio-Rad, Hercules, CA) and bisacrylamide (bis; Bio-Rad) were mixed in different ratios following the values published in ([@bib7]). The soft elastic substrates (SE; G′ = 4.94 ± 0.49 kPa, G″ = 1 ± 0.1 Pa) were prepared with 8% acrylamide: 0.1% bis, whereas the viscoelastic substrates (VE; G′ = 4.73 ± 0.47 kPa, G″ = 10 ± 1 Pa) were prepared with 12% acrylamide: 0.0358% bis (values obtained from ([@bib7])).

A 1/25 volume of 0.2-*μ*m diameter red fluorescent beads (excitation and emission wavelength of 580 and 605 nm, respectively; Invitrogen, Carlsbad, CA) were added to the prepolymerized acrylamide-bis mixture. Polymerization of the acrylamide-bis mixture was initiated with 1:100 volume of 10% ammonium persulfate (Bio-Rad) and 1:1000 volume N,N,N′,N′-Tetramethylethylenediamine (Bio-Rad). A quantity of 5 *μ*L of the prepolymerized solution was placed onto the pretreated 25-mm-diameter glass coverslip, and covered with another untreated 12-mm-diameter circular coverslip. After 15 min when the substrates have polymerized, the top coverslips were carefully removed and substrates were rinsed with 50 mM HEPES, pH 8.5.

The PA substrates were coated with 50 *μ*g/mL fibronectin using 0.5 mg/mL sulfo-succinimidyl-6-(4-azido-2-nitrophenyl-amino) hexanoate (sulfo-SANPAH; Pierce, Rockford, IL) in HEPES. The substrates were covered with the sulfo-SANPAH solution and exposed to UV light in a sterile hood for 15 min. The substrates were then washed with HEPES for 15 min, covered by 50 *μ*g/mL fibronectin (Sigma-Aldrich) at room temperature for 2 h on a rocker, rinsed with phosphate-buffered saline, and then sterilized by exposure to UV light in a sterile hood for 15 min. The substrates were then allowed to incubate for 30 min in cell culture medium at 37°C before cells were plated.

Measurement of bead displacements within the PA substrates {#sec2.5}
----------------------------------------------------------

To measure the bead displacements caused by a single cell, cells were imaged on fibronectin-coated bead-embedded PA substrata on an A1R+ confocal microscope (Nikon, Melville, NY) with a 60× oil objective lens (N.A. 1.4) 12 h postsettling. For each data point, a differential interference contrast image of the cell and a fluorescence image of the beads embedded within the PA substrates was acquired. Cells are then detached from the substrate after adding 0.5% (wt/vol) SDS detergent for 10 min, and another fluorescence image of the beads was obtained to determine the bead locations in the unstrained substrate.

The bead displacements on the strained substrate caused by the cells were calculated by comparing with the bead positions in the unstrained substrates, following the digital image correlation algorithm as mentioned in the above section and detailed in ([@bib3]).

Antibodies and immunostaining {#sec2.6}
-----------------------------

The following primary antibodies were used: Mouse anti-FAK (immunofluorescence (IF) 1:400, Western blotting (WB) 1:5000), mouse anti-fibronectin (IF 1:100), mouse anti-E-cadherin (WB 1:1000), and mouse anti-paxillin (IF 1:200), all from BD Biosciences, Franklin Lakes, NJ; rabbit anti-vinculin (IF 1:500, WB 1:1000), rat anti-E-cadherin (IF 1:500), phalloidin-647 for F-actin staining (IF 1:500), and Hoechst for nucleus staining (1 *μ*g/mL), all from Life Technologies; mouse anti-vinculin (IF 1:400), mouse anti-*β*-actin (WB 1:2000), and rabbit anti-*α*-catenin (WB 1:2000), all from Sigma-Aldrich; rabbit anti-phospho-FAK (Tyr^397^, IF 1:50, WB 1:500), rabbit anti-MLC (IF 1:50, WB 1:500), and rabbit anti-phospho-MLC (IF 1:50, WB 1:500), all from Cell Signaling Technology, Danvers, MA; rabbit anti-myosin IIb (IF 1:100; Thermo Fisher Scientific, Waltham, MA), rabbit anti-N-cadherin (IF 1:100, WB 1:1000), rabbit anti-myosin IIa (IF 1:100), and rat anti-*α*5*β*1 (IF 1:100), all from Abcam, Cambridge, MA.

The following secondary antibodies and dyes were used for immunocytochemistry: goat anti-mouse Alexa Fluor 488 (1:500), goat anti-rabbit Alexa Fluor 568 (1:500), donkey anti-rat AlexaFluor 568 (1:500), and phalloidin Alexa Fluor 568 (1:500), all from Life Technologies; and Hoechst 33342 (Sigma-Aldrich).

The following secondary antibodies were used for Western blotting: goat anti-rabbit HRP conjugate (1:2000) and goat anti-mouse HRP conjugate (1:2000), both from Bio-Rad.

Drug treatment {#sec2.7}
--------------

All stock solutions were prepared in DMSO. Cells were treated with FAK inhibitor PF-562271 (Selleck Chemicals, Houston, TX) and MMP inhibitor GM6001 (Millipore, Billerica, MA) during and after settling, and imaged 6 h posttreatment. Cells were treated with blebbistatin, cytochalasin D, and RhoK inhibitor Y27632 (all from Sigma-Aldrich) after settling and then imaged 4 h posttreatment. CL-S1 cells were treated with Calyculin A (Cell Signaling Technology) at 1 h postsettling and imaged 2 h posttreatment.

MMP assay {#sec2.8}
---------

2 × 10^6^ CL-S1 cells were plated onto 35 mm dishes coated with PDMS and fibronectin across the entire base. At 1 h postsettling, the media was removed and 1 mL of fresh culture media was added. After another hour, the culture media was collected and assayed using a Sensolyte 520 Generic MMP Assay Kit (AnaSpec, Fremont, CA), and the readout was measured on an Infinite M200 Reader (Tecan, Männedorf, Switzerland).

Transfection {#sec2.9}
------------

Transfections of CL-S1 cells were performed by electroporation (Neon Transfection System; Life Technologies). Transfections of MDCK cells were performed using Lipofectamine 2000 (Life Technologies). The following SMARTpool (GE Dharmacon, Lafayette, CO) siRNAs were used: L-040206-00-0005 (N-cadherin), L-048960-01-0005 (*α*-catenin), L-060130-01-0005 (vinculin), and D-001810-01-05 (control).

Live cell imaging {#sec2.10}
-----------------

Cells were imaged at 0 h postsettling in the phase contrast channel on a BioStation IM-Q (Nikon) for 3--12 h. Images at single time points were also taken for drug treatment or transfection experiments.

For quantitation of cell-free area, images were acquired every 15 min. 3 × 3 panels of images were stitched using an ImageJ plugin (National Institutes of Health, Bethesda, MD) ([@bib30]) to generate a final area of ∼2 × 1.5 mm. Stitched images were then passed through a variance and threshold filter to segment and measure the cell-free area in ImageJ.

Confocal microscopy {#sec2.11}
-------------------

Immunostained fixed cells were imaged on a model No. LSM510 microscope (Carl Zeiss, Oberkochen, Germany) with an Apochromat 63× NA 1.4 oil immersion lens. Quantitative image analysis and image processing were performed using the software ImageJ and the software Imaris (Bitplane, Belfast, UK), respectively.

To quantify the proportion of vinculin in the junctional or focal adhesion pool, a mask was generated using the N-cadherin or paxillin channel, respectively. The mask was applied to maximum projections of the corresponding vinculin images. The percentage of vinculin in each pool was calculated as the fraction of vinculin within the mask region over total vinculin, i.e., vinculin ∩ mask/(vinculin ∩ mask + vinculin ∩ non-mask). The number and size of vinculin particles were measured using the Analyze Particles function of the software ImageJ.

Calculation of cell velocity and correlation {#sec2.12}
--------------------------------------------

Phase contrast images of the cell monolayer measuring 882.5 × 706 *μ*m (500 × 400 pixels) were obtained using the Biostation IM-Q (Nikon, Melville, NY) at 10× magnification at 3 min intervals.

Cell displacement fields were obtained by comparing the image intensities changes between each image sequence following a digital image correlation algorithm ([@bib1], [@bib2], [@bib3]) implemented in MATLAB (The MathWorks, Natick, MA). Using a pair of corresponding subareas (Ω) of the images whose intensities are represented by *f*(***x***) and *g*(***x***) before and after being displaced by a displacement ***u***, respectively, the cross correlation function *m*(***u***) that gives a measure of similarity between the two subareas was calculated:$$m\left( \mathbf{u} \right) = {\int{f\left( \mathbf{x} \right)g\left( {\mathbf{x} + \mathbf{u}} \right)d\text{Ω}_{x}}}.$$The cross correlation function was efficiently obtained by applying the fast Fourier transform (FFT) algorithm and the displacement vector of the subarea between time intervals was estimated from the location of the cross correlation peak,$$m\left( \mathbf{u} \right) = F^{- 1}\left\{ {F\left\lbrack {f\left( x \right)} \right\rbrack \ast F\left\lbrack {g\left( x \right)} \right\rbrack} \right\},$$where *F*, *^∗^*, and *F*^*−1*^ denotes the FFT, the complex conjugate, and the inverse FFT, respectively.

The image drift between each time interval was first computed and corrected by defining the subarea Ω to be a 350 × 350 pixel window in the images. After correcting for image drift, the images were subsequently divided into smaller subareas Ω of window size 20 × 20 pixels (approximate area occupied by a cell) with 50% overlap and the displacement field of the cell movements between each time interval was calculated. The velocity field was obtained by dividing the displacements with the time interval (3 min).

The correlation length, over which cell movements were correlated, was calculated following previous publications ([@bib31], [@bib32]). The correlation coefficients for the horizontal (*C*~*u*~) and vertical (*C*~*v*~) velocity components along the *x-* and *y* axis, respectively, were calculated following the formulae below:$$C_{u}\left( \overset{\rightarrow}{r} \right) = \left\langle \frac{\left\langle {u^{\ast}\left( {\overset{\rightarrow}{r^{\prime}} + \overset{\rightarrow}{r\ },t} \right) \times u^{\ast}\left( {\overset{\rightarrow}{r^{\prime}},t} \right)} \right\rangle_{\overset{\rightarrow}{r^{\prime}}}}{\left\lbrack {\left\langle {u^{\ast}\left( {\overset{\rightarrow}{r^{\prime}} + \overset{\rightarrow}{r\ },t} \right)^{2}} \right\rangle\left\langle {u^{\ast}\left( {\overset{\rightarrow}{r^{\prime}},t} \right)^{2}} \right\rangle} \right\rbrack^{\frac{1}{2}}} \right\rangle_{t},$$$$C_{v}\left( \overset{\rightarrow}{r} \right) = \left\langle \frac{\left\langle {v^{\ast}\left( {\overset{\rightarrow}{r^{\prime}} + \overset{\rightarrow}{r\ },t} \right) \times v^{\ast}\left( {\overset{\rightarrow}{r^{\prime}},t} \right)} \right\rangle_{\overset{\rightarrow}{r^{\prime}}}}{\left\lbrack {\left\langle {v^{\ast}\left( \overset{\rightarrow}{r^{\prime}} \right)\left( {+ \overset{\rightarrow}{r\ },t} \right)^{2}} \right\rangle\left\langle {v^{\ast}\left( {\overset{\rightarrow}{r^{\prime}},t} \right)^{2}} \right\rangle} \right\rbrack^{\frac{1}{2}}} \right\rangle_{t},$$where *u*^∗^ and *v*^∗^ represent the deviation of the velocity from the mean velocity in the *x*- and *y* axis, respectively; and *t* refers to the time point. $\overset{\rightarrow}{r^{\prime}}$ represents the coordinates of a point and $\overset{\rightarrow}{r}$ represents the distance of another point where correlation was computed. The correlation coefficients were averaged over all time points, and a graph of *log C*~*u*~ (or *log C*~*v*~ for vertical velocity component) versus distance *\|r\|* was fitted to a straight line. The correlation length, which is a characteristic length scale of correlation, was obtained by taking the inverse of the gradient of the fitted straight line.

Fluorescence recovery after photobleaching {#sec2.13}
------------------------------------------

Fluorescence recovery after photobleaching (FRAP) of cells expressing GFP-vinculin was performed on an UltraviewVox (Perkin Elmer, Waltham, MA) with a UPLSAPO 60× NA 1.2 water immersion lens (Olympus, Melville, NY). An area of 20 × 20 pixels was bleached with the 405 and 488 lasers at 100% power. Images were acquired for 5 s prebleach and 100--300 s postbleach at a rate of 100 frames per s, and movies were analyzed using the software Volocity (Perkin Elmer).

Results {#sec3}
=======

Epithelial cell monolayers coalesce in response to substrate viscoelasticity {#sec3.1}
----------------------------------------------------------------------------

We had previously shown that on viscous and viscoelastic PDMS, a confluent monolayer of CL-S1 cells displays a cadherin-dependent and highly correlated cell migration ([@bib8]) that led to coalescence of cells into a 3D aggregate. To extend these studies, we initially investigated the longer-term effect of substrate viscoelasticity on the integrity of the monolayer dynamics. First, to establish the reproducibility of the Murrell coalescence assay, we confirmed that on a VE substrate (*ζ* = 0.0125, 1:80 cross-linker ratio, [Fig. S1](#mmc1){ref-type="supplementary-material"} *A*) and over the course of several hours, a confluent monolayer of CL-S1 cells initially moved in a correlated motion (data not shown) that over a longer period led to coalescence into dense aggregates ([Movie S1](#mmc2){ref-type="supplementary-material"}). Coincident with coalescence is the simultaneous emergence of small cell-free areas that enlarged throughout the entire monolayer ([Movie S1](#mmc2){ref-type="supplementary-material"}). Next, we tested whether coalescence is an artifact of cell death and not a result of strain-induced movement. However, we found that the cells around emerging and existing cell-free areas ([Movie S2](#mmc3){ref-type="supplementary-material"}) took up calcein (a live cell labeling dye), thus ruling out the monolayer being disrupted by local cell death. To test whether coalescence is a general response on VE substrates, we compared coalescence on VE substrates by epithelial and nonepithelial cells ([Fig. 1](#fig1){ref-type="fig"} *A*). We found that HeLa and IEC6 cells also coalesced, demonstrating that it is not unique to CL-S1 cells, whereas in contrast, MDCK and NIH3T3 monolayers remained confluent over the same period. Furthermore, there was no correlation between the occurrence of cell coalescence and the type of cadherin expressed because whereas HeLa and NIH3T3 cells express only N-cadherin and MDCK and IEC6 cells express only E-cadherin, CL-S1 cells express both ([Fig. 1](#fig1){ref-type="fig"} *B*). Because the cell-free area was simpler to quantify than correlated motion, our measurements showed that CL-S1 cells exhibited the fastest rate and greatest extent of coalescence ([Fig. 1](#fig1){ref-type="fig"}, *C* and *C′*) compared to the other cells, and therefore this cell line was selected for further experimentation.Figure 1Substrate viscoelasticity induces cell coalescence. (*A*) Given here is a comparison of cell-free areas in confluent cultures of CL-S1, HeLa, NIH3T3, MDCK, and IEC6 cells grown on viscoelastic PDMS. (*B*) Given here is Western blot of whole cell lysates of CL-S1, HeLa, NIH3T3, MDCK, and IEC6 cell lines, immunoblotted for E- and N-cadherins. (*C*) Shown here is a graph of the development of cell-free area in confluent cultures of CL-S1 (*black*), HeLa (*orange*), NIH3T3 (*blue*), MDCK (*red*), and IEC6 (*green*) cells (*n* = 3--4), on VE PDMS. (*C′*) Given here is the extent of cell coalescence on VE PDMS in different cell lines at 12 h postsettling. Values correspond to 12 h endpoint in (*C*). (*D*) CL-S1 cells on VE, SE, and E PDMS substrata are shown under a wide-field microscope. Panels correspond to 0 h (*left column*), 6 h (*middle column*), and 12 h (*right column*) time points (*n* = 3--4). (*E*) Shown here is a graph of increase in cell-free area in CL-S1 monolayer over time on elastic (*blue*), soft elastic (*red*), and viscoelastic (*black*) PDMS substrata. The viscoelastic curve is from the same data as the CL-S1 cell coalescence data in (*C*). (*E′*) The extent of cell coalescence was significantly reduced on SE and E PDMS substrata compared to VE PDMS substrate at 12 h postsettling. (*F* and *F′*) Correlation of cell movement in the *x* direction (*F*) and *y* direction (*F′*) was calculated from PIV analysis of movies of CL-S1 and MDCK cells on VE, SE, and E PDMS substrata. ^∗^*p* \< 0.05, ^∗∗^*p* \< 0.01, ^∗∗∗∗^*p* \< 0.0001; n.s., not significant; bars represent SE.

To confirm that correlated movement leading to coalescence is linked to the viscous properties of the substrate, we compared the extent of coalescence on VE, soft elastic (SE), and elastic (E) substrata and observed cell coalescence on VE substratum, but not on SE or E substrates ([Fig. 1](#fig1){ref-type="fig"}, *D*--*E′*; [Movie S3](#mmc4){ref-type="supplementary-material"}). On viscoelastic substrates, where the viscous moduli and elastic moduli are of similar magnitude, cell coalescence appeared by 6 h and grew to large cell-free areas by 12 h ([Fig. 1](#fig1){ref-type="fig"} *D*). In contrast, there was no difference in coalescence levels on SE and E substrata ([Fig. 1](#fig1){ref-type="fig"} *E′*) whose elasticity differs by two orders of magnitude ([Fig. S1](#mmc1){ref-type="supplementary-material"} *A*). Moreover, consistent with our previous findings ([@bib8]), when viscous moduli are larger than elastic moduli, the correlated motion is further elevated as the contraction of the tissue drives the substrate to flow ([Movie S4](#mmc5){ref-type="supplementary-material"}). Hence, the effect of VE substrata is primarily due to its high viscosity rather than its low elasticity.

Because coalescence is an endpoint of correlated motion, we compared the correlated motion of CL-S1 cells on different substrata with that of MDCK cells, which do not undergo coalescence ([Fig. 1](#fig1){ref-type="fig"}, *A*--*C′*). Our measurements showed that the correlation lengths in *x* and *y* are highest for CL-S1 cells on VE substrate and half the VE values on soft elastic and elastic substrata. Although MDCK cells do not coalesce, we detected they exhibit correlated movement that was comparable on all three substrata at values similar to the CL-S1 cells on E and SE ([Fig. 1](#fig1){ref-type="fig"}, *F* and *F′*). These results not only confirm previous studies that correlated movement by CL-S1 cells is enhanced on viscoelastic substrates, but---most interestingly---suggest that MDCK can initiate correlated movement but not complete coalescence.

Cell coalescence perturbs cell-matrix organization {#sec3.2}
--------------------------------------------------

We previously demonstrated that viscous and viscoelastic substrates yield as cells begin to coalescence ([@bib8]) and that a cell-generated force was transmitted through the matrix because the fluorescent collagen appeared strained at the onset of coalescence. If a traction force originates from the cell, then we might detect changes in the organization of matrix and adhesion proteins. To test this idea, we reinvestigated whether a fibronectin matrix is similarly perturbed in a cell coalescence assay and determined whether matrix protease activity is detected during coalescence. Immunostaining of fibronectin-coated substrata without cells attached demonstrated that the coating was homogenous and consistent across VE, SE, and E substrata ([Fig. S1](#mmc1){ref-type="supplementary-material"}, *B* and *C*). Immunostaining of fixed cells showed that cell-free areas were devoid of fibronectin, which appeared to have been detached from the substrate by the retreating cell front ([Fig. 2](#fig2){ref-type="fig"} *A*, *top two panels*). On VE substrate, fibronectin within the intact monolayer was concentrated in fibrillar structures localized basal to intercellular junctions, and depleted in the regions underneath the cell body ([Fig. 2](#fig2){ref-type="fig"} *A*, *middle panel*). In contrast, fibronectin was less perturbed and remained more evenly distributed on SE and E substrata ([Fig. 2](#fig2){ref-type="fig"} *A*, *bottom two panels*). This pattern of immunostaining was also present in HeLa cells ([Fig. S1](#mmc1){ref-type="supplementary-material"} *D*) and, to a lesser extent in MDCK cells ([Movie S5](#mmc6){ref-type="supplementary-material"}). Consistent with the data from fixed samples, live cell imaging of monolayers plated onto fluorescently labeled fibronectin showed that disruption of fibronectin was most pronounced on VE substrate, with fibronectin-free patches and fibrillar structures appearing from the start of imaging ([Movie S6](#mmc7){ref-type="supplementary-material"}). The fibronectin fibrils formed on VE substrate colocalized with integrin clusters to a significantly greater degree than on SE and E substrata ([Fig. 2](#fig2){ref-type="fig"} *B* and *B′*). This suggested that substrate viscoelasticity can induce intracellular changes in the organization of adhesion proteins in addition to the marked perturbation of extracellular matrix.Figure 2Effect of substrate viscoelasticity on cell-matrix interactions. (*A*) Given here are confluent CL-S1 cells grown on VE, SE, and E PDMS substrata, fixed at 4 h postsettling and stained to visualize fibronectin, F-actin, and nucleus. (*B*) Confocal images of CL-S1 cells are shown on different PDMS substrata fixed and immunostained for fibronectin, integrin, and nucleus, 4 h postsettling. (*B′*) Given here is quantitative image analysis on the colocalization between fibronectin fibrils and integrin clusters using Pearson's correlation coefficient (*PCC*) (*n* = 6). (*C*) Media overlaying CL-S1 monolayers on different PDMS substrata were collected 1 h postsettling and MMP activity was measured by a *Förster resonance energy transfer*-based assay, in which higher fluorescent readouts corresponded to higher activity levels (*n* = 5). (*D*) CL-S1 monolayers on VE PDMS were treated with MMP inhibitor (25 nM GM6001) and the cell-free area was measured 4 h postsettling. MMP inhibition had no significant effect on cell coalescence (*n* = 7). ^∗^*p* \< 0.05, ^∗∗∗∗^*p* \< 0.0001; n.s., not significant; bars represent SE. To see this figure in color, go online.

To address whether the matrix organization is perturbed by matrix proteases, we measured the metalloprotease activity in the media from CL-S1 monolayers grown on the various substrata. Comparison of protease activity showed only small differences in MMP activity ([Fig. 2](#fig2){ref-type="fig"} *C*), and this was not correlated with coalescence. Furthermore, when metalloproteases are inhibited by MMP inhibitor, GM6001, cell coalescence was not affected ([Fig. 2](#fig2){ref-type="fig"} *D*). Thus, the observed changes in matrix organization cannot be attributed to fibronectin breakdown, and instead, are likely to result from physical disruption by cellular movement.

A final control experiment addressed whether the cross-linker ratio of PDMS can influence fibronectin adsorption ([@bib33]) through differences in hydrophobicity or surface roughness. To evaluate this parameter, we compared coalescence on thick-versus-thin PDMS substrata. Both substrates have identical chemical and topological roughness but differ in apparent stiffness because a thin substrate is dominated by the stiffness of the underlying plastic dish. We found that cell coalescence occurred on thick but not thin VE substrate ([Fig. S1](#mmc1){ref-type="supplementary-material"} *E*). Moreover, fibronectin was also less perturbed on thin substrate ([Fig. S1](#mmc1){ref-type="supplementary-material"} *F*). Taken together, these results demonstrated that coalescence is dependent on the mechanical, rather than chemical, properties of the substrate.

Substrate viscoelasticity extends the range of cell-substrate forces {#sec3.3}
--------------------------------------------------------------------

Next, we sought to determine whether the physical properties of VE substrate could directly contribute to cell coalescence, by tracking substrate surface displacements caused by single cells. As tracker beads did not disperse evenly in hydrophobic PDMS, soft elastic and viscoelastic PA gels were used instead ([@bib10]). Analysis of bead displacement showed that forces exerted by CL-S1 cells distorted the substrate to a larger extent and over a greater area on VE compared to SE substrate ([Fig. 3](#fig3){ref-type="fig"}, *A*--*B′*). Furthermore, displacements were focused at cellular protrusions on SE substrate ([Fig. 3](#fig3){ref-type="fig"}, *A* and *A′*), whereas they extended continuously throughout the area beneath the cell and for a significant distance away from the cell on VE substrate ([Fig. 3](#fig3){ref-type="fig"}, *B* and *B′*). In agreement with previous studies ([@bib10]), cells were slightly more spread on VE than SE substrate. However, because the bead displacement field extended over more than two cell areas, the long-range cell displacements are likely primarily due to the enhanced propagation of cellular forces through the substrate, rather than differences in cell-substrate interactions.Figure 3Cell-substrate forces propagate further on viscoelastic PA substrate. (*A* and *B*) Given here are differential interference contrast images of single CL-S1 cells on SE (*A*) and VE (*B*) PA gels embedded with fluorescent beads. (*A′* and *B′*) Shown here are heat maps of corresponding bead displacements due to cell traction forces. On SE PA gel, displacements were small and localized to cellular protrusions, whereas on VE PA gel, displacements extended throughout the cell and its surrounding regions. To see this figure in color, go online.

Coalescence is dependent upon FAK-mediated actomyosin contractility {#sec3.4}
-------------------------------------------------------------------

To better understand the molecular basis for the cellular movement involved in cell coalescence, we tracked the positions of cells by particle image velocimetry (PIV) of coalescing CL-S1 monolayers ([Fig. 4](#fig4){ref-type="fig"} *A*; [Movie S7](#mmc8){ref-type="supplementary-material"}). We observed that the formation of cell-free areas was preceded by a sudden, transient, and coordinated movement of cells away from the eventual location of the cell-free area. This suggested that strain across the monolayer might be important in generating coalescence. To identify the source of the strain, CL-S1 monolayers on VE substrata were treated with chemical modulators of actomyosin contractility. We found that inhibitors of contractility reduced coalescence ([Fig. 4](#fig4){ref-type="fig"} *B*), whereas treatment of monolayers with Calyculin A (a drug that enhances actomyosin contractility) had the opposite effect of increasing coalescence ([Fig. 4](#fig4){ref-type="fig"} *C*). Notably, although Calyculin A treatment also increased coalescence in treated CL-S1 cells on SE and E substrata, the levels of coalescence did not reach the same extent of coalescence by the untreated control cells on VE substrata. Interestingly, Calyculin A treatment did not induce coalescence in MDCK cells ([Fig. 4](#fig4){ref-type="fig"} *C*). These results suggest that coalescence is directly correlated with actomyosin contractility but remains restricted to a viscoelastic substrate.Figure 4Coalescence is regulated by FAK-mediated actomyosin contractility. (*A*) Shown here is PIV analysis of cell movement in CL-S1 cells on VE PDMS. (*B*) CL-S1 monolayers on VE PDMS were treated with cytochalasin D (*cytoD*), blebbistatin (*Bleb*), and RhoK inhibitor Y27632, and the cell-free area was measured at 5 h postsettling (*n* = 5--8). (*C*) CL-S1 and MDCK monolayers on PDMS substrata were treated with 2 nM Calyculin A (*CalA*) or control DMSO for 2 h (*n* = 5--8). (*D*) CL-S1 monolayers on VE PDMS were treated with FAK inhibitor PF-562271 (FAK inh) and the cell-free area was measured 6 h postsettling (*n* = 3--4). (*E*) CL-S1 monolayers on VE PDMS were treated with control DMSO, 2 nM Calyculin A (*CalA*), or 2 nM CalA + 10 nM FAK inhibitor PF-562271 (*CalA + FAK inh*) (*n* = 3). (*F*) Given here are confocal images of CL-S1 cells on VE PDMS fixed and immunostained 1 h postsettling. (*F′*) Shown here is quantitative image analysis on the levels of p-FAK relative to FAK (FAK pixels colocalized with pFAK/total FAK pixels) across different PDMS substrata (*F′*, *n* = 6--9). (*G*) Shown here is Western blot of whole cell lysates of CL-S1 monolayers on different PDMS substrata 1 h postsettling, immunoblotted for FAK and phospho-FAK Tyr^397^ (*p-FAK*) and *β*-actin. (*H*) Given here are confocal projections of CL-S1 cells on different PDMS substrata fixed and immunostained for MCL/pMCL, F-actin, and nucleus, 4 h postsettling. (*I*) Confocal projections of CL-S1 cells are shown on different PDMS substrata fixed and immunostained for MyoIIA/B, F-actin, and nucleus, 4 h postsettling. ^∗^*p* \< 0.05, ^∗∗^ \< 0.01, ^∗∗∗∗^p \< 0.0001; n.s., not significant; bars represent SE. To see this figure in color, go online.

We noted earlier that cell coalescence was also correlated with increased colocalization between integrin and fibronectin ([Fig. 2](#fig2){ref-type="fig"} *B*), which might affect the function of other focal adhesion proteins. Focal adhesion kinase (FAK) is a downstream effector of integrin signaling that regulates actomyosin contractility ([@bib34]). We found that drug inhibition of FAK led to a dose-dependent reduction in coalescence ([Fig. 4](#fig4){ref-type="fig"} *D*). Furthermore, FAK inhibition prevented the increase in coalescence induced by Calyculin A treatment ([Fig. 4](#fig4){ref-type="fig"} *E*). Therefore, coalescence involves a strain-producing mechanism mediated through FAK-actomyosin contractility.

However, measurement of p-FAK levels on different substrata by both Western blotting of whole cell lysate and immunostaining of fixed cells did not reveal any increase in FAK activity on VE substrata ([Fig. 4](#fig4){ref-type="fig"}, *F*--*G*). Furthermore, there were no obvious differences in p-MLC subcellular localization ([Fig. 4](#fig4){ref-type="fig"} *H*) on different substrata, nor were myosin II levels affected ([Fig. 4](#fig4){ref-type="fig"} *I*). Taken together, these findings indicate that coalescence requires actomyosin contractility, and drug-induced contractility can increase coalescence on VE substrate. However, in the absence of extraneous enhancement, substrate viscoelasticity does not significantly alter levels of cellular contractility nor the apparent structural organization of the actomyosin machinery.

Substrate viscoelasticity is correlated with reorganization of vinculin and intercellular junctions {#sec3.5}
---------------------------------------------------------------------------------------------------

In the absence of changes in contractility and actomyosin organization, how is coalescence dependent on substrate viscoelasticity? We previously showed that CL-S1 correlated movement also depends on cadherin and others have shown that actomyosin contractility acts in concert with cadherin adhesion to generate force-induced changes in morphology ([@bib35], [@bib36]). We therefore tested whether viscoelasticity-enhanced coalescence might arise from alterations in cadherin-mediated force transmission over the cellular monolayer. First, we established the localization of cadherin at cell-matrix adhesions. Although CL-S1 cells biochemically express both N-cadherin and E-cadherin ([Fig. 1](#fig1){ref-type="fig"} *B*), at the single cell level N-cadherin is expressed in all cells, whereas E-cadherin is expressed in a subset (∼10%) of cells ([Fig. S2](#mmc1){ref-type="supplementary-material"} *A*). By fluorescence microscopy, N-cadherin was more strongly and linearly localized at intercellular junctions on VE substrata, whereas its staining was weaker and more punctate on SE and E substrata ([Fig. 5](#fig5){ref-type="fig"} *A*).Figure 5Vinculin localizes to intercellular junctions in response to substrate viscoelasticity. (*A*) Shown here are confocal projections of CL-S1 cells on different PDMS substrata fixed and immunostained for N-cadherin, vinculin, and nucleus, 4 h postsettling. N-cadherin (*N-cad*) was used as a marker of intercellular junctions. (*B*) Shown here is quantitative image analysis of vinculin localization. The fraction of junctional vinculin was calculated as the junctional intensity/total intensity (*n* = 9). (*C*) Shown here are confocal projections of CL-S1 cells on different PDMS substrata fixed and immunostained for paxillin, vinculin, and nucleus, 4 h postsettling. Paxillin was used as a marker of FAs. (*D*) Given here is quantitative image analysis of FAs. Vinculin images were segmented into FA and non-FA pools based on paxillin staining (*n* = 3). Paxillin particles were analyzed for number (*D′*) and size (*D″*) (*n* = 3--4). (*E*) Shown here is Western blot of whole cell lysates of CL-S1 monolayers harvested from different PDMS substrata immunoblotted for N-cadherin, vinculin, and *β*-actin, 6 h postsettling. (*F*) Given here is Western blot of whole cell lysates of CL-S1 cells transfected with control or vinculin (*Vinc KD*) siRNA. (*G*) Control and vinculin KD CL-S1 cells were plated on VE PDMS and the cell-free area was measured 6 h postsettling (*n* = 3). Cell-free areas of vinculin KD cells were normalized against that of control cells due to variable initial cell density after electroporation between experiments. Depletion of vinculin significantly reduced the extent of cell coalescence. ^∗^*p* \< 0.05, ^∗∗^*p* \< 0.01, ^∗∗∗^*p* \< 0.001, ^∗∗∗∗^*p* \< 0.0001; n.s., not significant; bars represent SE. To see this figure in color, go online.

Significantly, the enhanced junctional localization of N-cadherin on VE substrate mirrored that of vinculin, which colocalized with N-cadherin on VE substrate ([Fig. 5](#fig5){ref-type="fig"} *A*). Quantitative image analyses revealed that the proportion of junctional vinculin was significantly greater on VE than SE or E substrata ([Fig. 5](#fig5){ref-type="fig"} *B*). To identify focal adhesions, we coimmunostained for paxillin and vinculin, and found that the proportion of vinculin that colocalized with paxillin was reduced on VE and SE substrata ([Fig. 5](#fig5){ref-type="fig"}, *C* and *D*), an indication of the relocalization of vinculin away from focal adhesions. In addition, paxillin puncta were reduced in number and size on both VE and SE substrata compared to E substrate ([Fig. 5](#fig5){ref-type="fig"}, *D′* and *D″*), demonstrating that focal adhesion number and size were affected by elasticity but not viscosity. The changes in vinculin distribution occurred without any apparent change in the total levels of N-cadherin and vinculin on the various substrata ([Fig. 5](#fig5){ref-type="fig"} *E*). Junctional localization of vinculin on VE substrate was also increased in HeLa cells, which undergo coalescence, but was unchanged in MDCK cells, which do not undergo coalescence ([Fig. S2](#mmc1){ref-type="supplementary-material"} *B*).

We then depleted vinculin levels by siRNA transfection ([Fig. 5](#fig5){ref-type="fig"} *F*), and the resultant cells exhibited lower levels of coalescence than control cells ([Fig. 5](#fig5){ref-type="fig"} *G*), thus demonstrating that vinculin is necessary for the cellular response to substrate viscoelasticity. Taken together, these results show that in cell lines sensitive to substrate viscoelasticity, vinculin relocalizes from FAs to cadherin junctions, which is necessary for coalescence to occur.

Recruitment of vinculin to the cadherin complex is sufficient for viscoelasticity-induced coalescence {#sec3.6}
-----------------------------------------------------------------------------------------------------

Vinculin is recruited to cadherin junctions by the adaptor protein *α*-catenin ([@bib26], [@bib37], [@bib38]). To test if cadherin complexes are necessary for the junctional localization of vinculin, we depleted N-cadherin and *α*-catenin by siRNA transfection ([Fig. 6](#fig6){ref-type="fig"} *A*), which resulted in significantly lower levels of coalescence ([Fig. 6](#fig6){ref-type="fig"} *B*). Furthermore, in cells depleted of *α*-catenin, vinculin did not localize to junctions, but instead was concentrated in foci at the cell periphery, whereas N-cadherin was diffuse throughout the cytoplasm ([Fig. 6](#fig6){ref-type="fig"} *C*). Image analysis showed that a significantly lower proportion of vinculin colocalized with N-cadherin in *α*-catenin KD cells compared to control cells ([Fig. 6](#fig6){ref-type="fig"} *C′*), whereas there was no significant difference in the proportion of vinculin colocalized with paxillin ([Fig. 6](#fig6){ref-type="fig"} *C″*). The proportion of junctional vinculin in *α*-catenin KD cells was likely an overestimate because the N-cadherin staining itself was nonjunctional. Thus, *α*-catenin is necessary for the recruitment of vinculin to junctional cadherin complexes in response to substrate viscoelasticity.Figure 6N-cadherin and *α*-catenin recruit vinculin to intercellular junctions. (*A*) Shown here is Western blot of whole cell lysates of CL-S1 cells transfected with control, N-cadherin (*N-cad KD*), or *α*-catenin (*α-cat KD*) siRNA. (*B*) Control, N-cadherin, and *α*-catenin KD cells were plated on VE PDMS and the cell-free area was measured 6 h postsettling (*n* = 4--7). Cell-free area of N-cad KD cells and *α*-cat KD were normalized against that of control cells due to variable initial cell density after electroporation between experiments. (*C*) Shown here are confocal projections of control or *α*-catenin KD CL-S1 monolayers on VE PDMS immunostained for N-cadherin, vinculin, and nucleus, 4 h postsettling. Quantitative image analysis is given of the proportion of vinculin colocalized with N-cadherin (*C′*, *n* = 5--6), and the proportion of vinculin colocalized with paxillin (*C″*, *n* = 6--8). (*D*) Shown here is FRAP of GFP-vinculin-expressing cells at 4--7 h postsettling on different PDMS substrata. The *t*~1/2~ of recovery was significantly lower on VE (*n* = 7) than SE (*n* = 6) or E (*n* = 11) substrata. (*D′*) Given here are immobile fractions on different PDMS substrata. (*E*) MDCK cells overexpressing GFP, or GFP-tagged full-length vinculin (*GFP-vinculin*) or vinculin tail (*GFP-VT*) were plated on VE PDMS and the cell-free area was measured 5 h postsettling (*n* = 4). MDCK cells overexpressing GFP-tagged to amino acids 1--325 of *α*-Ecatenin (*GFP-αEcat*), or GFP-*α*Ecat-tagged to the vinculin head domain (*GFP-αEcat-VH*) or tail domain (*GFP-αEcat-VT*), and untransfected cells (*n* = 5--8) were treated similarly. CL-S1 cells expressing GFP or GFP-vinculin, and untransfected cells, were plated on SE PDMS (*n* = 3). Overexpression of GFP-vinculin or GFP-*α*Ecat-VT significantly increased cell coalescence in MDCK cells on VE PDMS, but not CL-S1 cells on SE PDMS. (*F*) Shown here is Western blot of whole cell lysates of different cell lines, immunoblotted for vinculin (*vinc*) and *α*-catenin (*α-cat*). Each well was loaded with the equivalent of 10% of a confluent 3.5 cm dish of cells. ^∗^*p* \< 0.05, ^∗∗∗^*p* \< 0.001; n.s., not significant; bars represent SE. To see this figure in color, go online.

We hypothesized that the reduction in the FA pool of vinculin on VE substrate might be attributable to its decreased stability in FAs. We therefore performed FRAP analyses of GFP-vinculin in FAs on the various substrata, and found that the half-life recovery time was significantly lower on VE compared to SE and E substrata ([Fig. 6](#fig6){ref-type="fig"} *D*), whereas the immobile fraction was unchanged across substrata ([Fig. 6](#fig6){ref-type="fig"} *D′*). These results suggest that vinculin is less stably bound at FAs on VE substrate, which may be due to lower mechanical forces at the cell-substrate interface.

Because vinculin was necessary for coalescence in CL-S1 cells, we next investigated whether manipulation of vinculin levels would cause coalescence in MDCK cells, which do not undergo coalescence in their native state ([Fig. 1](#fig1){ref-type="fig"}, *A*, *C*, and *C′*). Indeed, MDCK cells overexpressing vinculin on VE substrate underwent coalescence ([Fig. 6](#fig6){ref-type="fig"} *E*), which shows that increased vinculin is sufficient to induce coalescence. To identify which vinculin domain was responsible for inducing coalescence, we overexpressed the vinculin head or tail domains fused to the N-terminal fragment of *α*-E-catenin, which binds to *β*-catenin and is thereby recruited to cadherin complexes. We found that the vinculin tail domain, but not the head domain, could induce coalescence in MDCK cells. This effect was dependent on its interaction with cadherin complexes, because the vinculin tail domain fused to GFP alone did not induce coalescence ([Fig. 6](#fig6){ref-type="fig"} *E*). However, because overexpression of vinculin did not induce coalescence in CL-S1 cells on SE substrate ([Fig. 6](#fig6){ref-type="fig"} *E*), substrate viscoelasticity is a prerequisite for vinculin to exert its effects. Moreover, Western blot analysis of cell lysates showed that protein levels of vinculin and *α*-catenin did not correlate with whether a particular cell type underwent viscoelasticity-induced coalescence ([Fig. 6](#fig6){ref-type="fig"} *F*). Taken together, these data suggest that differences in total vinculin expression levels are not responsible for the cell type-dependent coalescence. Instead, each cell type may have its own threshold of vinculin expression level to respond to substrate viscoelasticity.

Discussion {#sec4}
==========

In vivo, the extracellular environment of the cell, and its response to mechanical stresses, are governed predominantly by the physics of viscoelasticity. Our understanding of the cellular viscous response has lagged somewhat behind that of the elastic response, perhaps due to the experimentally unwieldy nature of viscous substrata. Here, we describe, to our knowledge, a novel effect of viscoelasticity on cellular behavior: viscoelasticity-induced coalescence. In the absence of external mechanical cues, substrate viscoelasticity was sufficient to cause coordinated and collective cellular movement in epithelial monolayers. This occurred within a short time frame of several hours, and various assays did not detect marked changes in the expression levels of key proteins or contractile activity. Therefore, it is likely that these effects arise from the rearrangement of existing proteins to redirect force transmission within the cell. Our work identified vinculin relocalization from focal adhesions to intercellular junctions as being necessary and sufficient for viscoelasticity-induced coalescence to occur.

Our most surprising finding was that the effects of viscosity and elasticity on vinculin relocalization are, to some extent, separable. The transition from the soft elastic to the viscoelastic regime was marked by a reduction in the junctional vinculin pool, without any significant change in the FA pool, whereas the converse was true for the transition between the elastic and soft elastic regime. The reduced FA pool of vinculin may be indicative of a reduction in overall FA size and number, which is a characteristic response to lower substrate elasticity ([@bib39], [@bib40], [@bib41]). Because vinculin transfers forces between the substrate and the cytoskeleton, and drives the recruitment of key FA components including paxillin ([@bib20], [@bib28], [@bib42]), it is unclear whether the reduction of vinculin at FAs is a cause or an effect of reduced FA assembly. The dependence of vinculin recruitment to FAs on substrate forces has been studied elsewhere ([@bib43]), and is outside the scope of this article. What is evident from our results is that the effects on coalescence, intercellular junction reorganization, and vinculin relocalization are primarily caused by substrate viscosity, which suggests that vinculin may be a viscosity sensor in epithelial cells, acting via pathways distinct from those regulating the cellular response to elasticity.

The viscoelastic response is characterized by the localization of vinculin to cadherin complexes. Remarkably, overexpression of the vinculin tail domain was sufficient to produce viscoelasticity-induced coalescence in MDCK cells, which do not coalesce in their native state. Although we found that this coalescence was driven by actomyosin contractility, in agreement with studies of cellular aggregation on soft substrata ([@bib44]), there were no evident changes in myosin II subcellular localization or activity. Instead, increased junctional vinculin may enhance linkage of the cadherin complex to the junctional actin cytoskeleton ([@bib25]), which strengthens cadherin adhesion via recruitment of actin assembly regulators ([@bib24]). The reinforcement of cadherin adhesion could in turn facilitate vinculin recruitment in a positive feedback cycle ([@bib25], [@bib45], [@bib46]). In this way, a small shift of vinculin localization from FAs to cadherin complexes, brought upon by reduced vinculin residence times at FAs, would be sufficient to initiate vinculin redistribution and cadherin adhesion strengthening. Thus, vinculin could potentially regulate contractile forces at the intercellular junction by 1) actin reorganization via its tail domain, 2) enhancing cadherin-mediated force transmission, or 3) itself acting as a force transmitter between cadherin and actin filaments. Further studies are required to determine which of, and to what extent, these mechanisms contribute to viscoelasticity-induced coalescence.

Aside from inducing the vinculin-mediated response, substrate viscoelasticity also extended the range over which cells transmit forces through the substrate. Because substrate forces can modulate cellular motility and intercellular adhesion ([@bib11], [@bib18], [@bib47]), this could be an additional mechanism by which cells could signal to neighboring cells and influence their behavior. Indeed, it has previously been shown that cells within confluent monolayers exhibit increased collective motion on soft substrate, although it should be noted that in that study the experimental timescale was on the order of several days ([@bib48]). Hence, substrate viscoelasticity appears to exert its effects through a combination of biological (vinculin recruitment to intercellular junctions) and mechanical (force transmission though substrate) mechanisms.

By relocalizing between FAs and cadherin complexes in response to substrate viscoelasticity, vinculin couples the cell-matrix and cell-cell adhesion systems. A recent study has shown that force on cadherin activates phosphorylation of vinculin at Y822, which selectively drives vinculin to cell-cell junctions, where it is necessary for cadherin function ([@bib27]). Here, we show that increased junctional recruitment of the vinculin tail domain could induce viscoelasticity-induced coalescence in otherwise nonresponsive MDCK cells. Taken together, these studies demonstrate that differential subcellular localization of vinculin in response to mechanical input from either cell-cell adhesions or cell-matrix adhesions can alter patterns of force transmission within the pancellular adhesion network. We speculate that shuttling of a mechanosensitive protein could transmit information about substrate viscoelasticity from the cell-matrix interface to the cell-cell interface, thus enabling cellular layers to react quickly to their mechanical environment. We expect that future extension of experiments studying cell-substrate interactions into the viscoelastic regime will provide valuable and physiologically relevant insight into adhesion signaling in large collective movements.
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